The p-nitrophenyl phosphomonoesterase assay (pNPPase) is commonly used to measure cell-wall-associated and extracellular phosphatase activity of soil fungi. pNPPases are usually assayed in the context of fungal nutrition, where inorganic P supply might be enhanced by the mineralisation of monoester organic P sources in the soil. The importance of the assay to the P nutrition of soil fungi is considered based on the evidence currently available including the consistency of methodological approach. The nature of organic P in the soil and the relevance of the assay to some specific soil substrates is discussed, particularly the chemistry and bioavailability of myo-inositol hexakisphosphate and the lower inositol phosphates. The evidence for the long-term stability of pNPPases in the soil is examined in the light of the persistence of pNPPase in soils. The role of persistent extracellular fungal pNPPases in the soil P cycle is discussed. Conclusions from pNPPase based studies must be based upon an appreciation of the constraints of the assay and the complex chemistry of organic P and pNPPase in the soil.
Introduction
It has long been recognised that active phosphatase enzymes are found in soils (Wrenshal and Dyer 1941 ; Rogers 1942) . Although the sources of soil phosphatase are diverse, fungi are thought to contribute significantly to the total phosphatase cache through the production of external phosphatases (Speir and Ross 1978) . These are thought to be excreted to enhance PO 4 -supply to the producer organism, and may play an important role in the PO 4 nutrition of these fungi (Beever and Burns 1980) .
The assay commonly used to determine fungal phosphatases was originally developed to measure blood serum phosphatase by medical biochemists of the 1930's and 40's. Kay (1930) , using β-glycerophosphate as a substrate, demonstrated the presence of alkaline phosphatase in serum. Despite some improvements (Bodansky 1933) , the method required the measurement of enzymatically liberated phosphate in the presence of native phosphate. To overcome this difficulty King and Armstrong (1934) used phenylphosphate as a substrate so that liberated phenol could be measured colourmetrically. To shorten the time consuming steps required for deproteinization and colour development, Bessey et al. (1946) employed a new substrate, para-nitrophenyl phosphate (pNPP). Its preparation has been described by King and Nicholson (1939) and it has been characterised by King and Delory (1939) . The organic moiety, para-nitrophenol (pNP), now commonly used in a range of artificial chromogenic substrates (see Tabatabai 1982 ; John 1992) , allows for instantaneous colour development at high pH, immediately after substrate incubation. Subsequently, the pNPP based assay was developed to test for phosphoric monoester hydrolase (EC 3.1.3) from bacteria (Torriani 1960) , unicellular fungi (Mclellan and Lampen 1963) , soil (Tabatabai and Bremner 1969) , plant roots (Woolhouse 1969) , mycorrhizal roots (Bartlett and Lewis 1973) and filamentous fungi (Ho and Zak 1979 ; Tibbett et al. 1998 a) . These phosphomonoesterase (pNPPase) enzymes are widely acknowledged to have broad substrate specificity (Komano 1975 ; Lehninger 1981 ; Yoshida and Hanamitsu 1972) . There are other methods of determining phosphatases such as the α-naphthyl phosphate assay, used in automated serum testing and gel electrophoresis (Bais and Edwards 1976 ; Conkle et al. 1982) , or by incubation with a range of organic substrates that require the measurement of liberated PO 4
-(see Coupé and d'Auzac 1979 ; Doumas et al. 1986; Komano 1975; Yoshida and Hanamitsu 1972 ). These will not be considered here.
The basis of the assay is the hydrolysis of a pNPP to pNP and PO 4 -and can be used to test for both acidic and alkaline phosphomonoesterase (EC 3.1.3.2. and EC 3.1.3.1) . In this assay the single ester bond of pNPP is cleaved by phosphomonoesterase yielding PO 4 -and pNP:
The chromogenic moiety forms a yellow coloured nitro-phenolate anion at high pH, with an absorbance maximum between 400 -420 nm. The incubation conditions, such as pH or temperature, can be modified to suit the experimenter (Antibus et al. 1986 ; Tibbett et al. 1998 c) . The pNPP substrate has been used extensively in recent years to assay for phosphomonoesterase in many soil fungi (Antibus et al. 1992; Bousqeut et al. 1986 ; Calleja et al. 1980 ; Doumas et al. 1986 ; Mousain and Salsac 1986 ; Kroehler et al. 1988 ; Redlack et al. 2001 ; Tibbett et al. 1998 b) . Typically the assay has been used to measure enzyme activities in fungal culture filtrates (thought to represent actively excreted enzymes) and activities associated with mycelia (thought to represent cell-wall-associated enzymes). This paper reviews the consistency, relevance and integrity of the pNPPase assay as commonly applied to axenic cultures of soil fungi grown typically in batch culture. Particular consideration is given to linking the relevance of in vitro assays to the (inferred) nutritional benefit of fungi under the conditions found in soils.
Methodological critique
A large range of fungi have been isolated from the soil and assessed for their pNPPase activity. Details of these fungi and the major components of assay protocols including growth and assay temperature; methods of separation ; washing solutions for mycelia; and the buffers and pHs in which assays were performed are summarised in Table 1 . The inconsistent practices in assaying pNPPase must cast considerable doubt over any direct comparisons of enzyme activity in all but a few small clusters of work. Certainly the all too common lack of reporting of standard methodological details should be avoided in future studies. Given the lack of a widely accepted protocol, assay conditions should be optimised or aimed to replicate conditions in the soil(s) of interest.
Attention to detail has been shown to be important in producing repeatable data from pNPPase assays (Tibbett et al. 2000) . Growth temperature of cultures, assay temperature, the handling skills of the operator and the filtration and washing steps in the method adopted can all have an important bearing on the results (Tibbett et al. 1998 b,c; Tibbett et al. 2000) . A recommended protocol is summarised in an appendix to this review.
The assay conducted on typical culture filtrate for "extracellular" pNPPase, presumed to be actively excreted, is subject to often-unrecognised interaction within the batch culture medium. Proteolysis of pNPPases of interest may occur during the growth period and interactions of pNPPase with phenolics and other secondary metabolites are rarely considered and poorly understood. Little is known about the affect of the above on pNPPase results and the interference of other secreted compounds in batch culture on apparent pNPPase activity requires further investigation.
The assay conducted on mats or balls of mycelium to determine "cell-wall-associated" (or cell/surface bound) pNPPase, presumed to be attached to the cell wall, is usually subject to gross estimates of activity. An accurate measurement of wall-associated pNPPase should estimate the surface area of hyphal cells that come in contact with pNPP during the assay. It is also likely that secretion of phosphatase is confined to the apices of growing hyphal tips (Bending and Read 1995 ; Chang and Trevethick 1974 ; Weber and Pitt 1997 b ; Wösten et al. 1991) and there may be spatial difference within the colony. Yet, typically, wall-associated pNPPase is crudely related to biomass or protein that does not account for total cell surface area, diffusion limitation within the mycelial mat, or the localisation of cell-wallassociated pNPPase bearing hyphae. Where statistical errors have been reported in the literature, extracellular pNPPase was measured with smaller errors than wallassociated assays (Kieliszewska-Rokicka 1992 ; Tibbett et al. 1998 b, c) which might be accounted for by the theoretical deficiencies in current methodologies described above.
In order to identify more clearly the various assemblages of pNPPase, some workers have physically separated the cell fractions that might contain phosphatase. Straker and Mitchell (1986) (and later McElhinney and Mitchell 1993) divided pNPPases into extracellular (by filtration) and wall-associated and cytoplasmic fractions by centrifuging homogenised mycelium and (1980) , through a combination of filtration, washing and centrifugation, separated fungal pNPPases into a total of seven fractions. These included a total homogenate, wall-associated and extracellular pNPPase and a further fractionation of the total homogenate into strongly wallassociated, desorbed (of cell wall origin), soluble, and intracellular cytoplasmic-organelle-vacuolar pNPPases. Despite these efforts, the ambiguities in assaying wallassociated pNPPase remain. The derepression of pNPPase activity with low P i concentration in culture media has often been reported and is used to support the concept that pNPPase relates to external (soil) substrates. Generally, an inverse relationship has been reported between P i concentration and phosphatase production (Antibus et al. 1992 ; Bousqeut et al. 1986 ; Calleja et al., 1980; Doumas et al., 1986; Mousain and Salsac, 1986 ; Kroehler et al. 1988 ; ) , although in one case no clear correlation was observed (Dighton, 1983) . Further, Tibbett et al. (1998 b) showed not only derepression but a shift in the ratio of extracellular to cell-wall-associated pNPPase in favour of extracellular pNPPase, arguably more likely to contact the sparingly soluble monoester P in soil (Fig. 1) . However, physiological responses in vitro do not tell the whole story for soil borne fungi, and the chemistry of substrates and enzymes under edaphic conditions requires consideration.
Is pNPPase activity of relevance in the soil system?
Although the chemistry of soil organic phosphorus (P) is complex, the principal components of organic P (P o ) are known to be inositol phosphates, nucleic acids, and phospholipids (Anderson 1980) . Phosphoproteins, sugar phophates and phosphonates are also present (Dalal 1977 ; Tate 1984) . The inositol phosphates are known to be the most abundant and are the primary source of monoester P, accounting for up to 60% total soil organic phosphorus (P o ) (Halstead and McKrecher 1975) . The origins of soil inositol phosphates are thought to be not only from plants, but also from components of the soil microbiota (Cosgrove 1963 ; 1964 ; 1967 ; L'Annunziata 1975) . Inositol phosphates in plant remains are usually insignificant, except in seeds (Cosgrove 1964 (Cosgrove , 1967 , usually in the form of inositol hexakisphosphate (phytate).
The various forms of inositol phosphate esters commonly found in soil are often imprecisely referred to as and Burns 1980 ; Tarafdar and Claassen 1988 ; Jennings 1995) , and there appears to be some confusion in the literature as to the exact meaning of these terms. Phytic acid (or phytinic acid) refers to myo-inositol hexakisphosphoric acid and its salt, phytate, refers to myoinositol hexakisphosphate (synonyms include: cyclohexanehexyl hexaphosphate, 1,2,3,4,5,6-cyclohexanehexophosphoric acid, myo-inositol hexakis(dihydrogen phosphate), inositol hexaphosphoric acid) (Cosgrove 1980 ; Graf 1986 ; Richardson and Gangolli 1994) . Phytin, originally a trade name, refers exclusively to the calcium magnesium salt of inositol hexakisphosphoric acid (Miall and Sharp 1968 ; Gardner and Cooke, 1971 ) and is best avoided as an obfuscate term. In fungal culture media, freely soluble phytate and the lower inositol phosphates (pentakis-tetrakis-tris-bismono-phosphates) are readily broken-down by substrate specific phytases (myo-inositol hexakisphophate phosphohydrolase; EC 3.1.3.8) and non-specific phosphomonoesterases (Antibus et al. 1992 ; Greenwood and Lewis 1977 ; Irving and Cosgrove 1972 ; Kroehler et al. 1988 ; Mitchell and Read 1981) . However, in soil, inositol phosphates are far more resistant to hydrolysis and Al and Fe salts are formed in acid soils, while calcium salts are precipitated in calcareous soils (Jackman and Black 1951 ; Anderson 1963) . Despite the sparing solubility of these salts, there are reports of their utilisation by soil yeasts (Greenwood and Lewis 1977) and ectomycorrhizal and ericoid fungi grown in culture (Mitchell and Read 1981) . It has been suggested that organic acids produced by ectomycorrhizal fungi might chelate metal cations increasing the solubility of inositol phosphate in the hyphosphere (McElinney and Mitchell 1993) . However, soil inositol phosphates are also strongly adsorbed onto clay minerals (Anderson and Aldridge 1962 ; Goring and Bartholomew 1950) , and associate with proteins and metal ions to form stable complexes (Anderson, 1980) . A combination of these factors account for the high accumulation of inositol phosphates, whereas other forms of soil P o , such as the diester P in nucleic acid, are rapidly degraded (Sanyal and De Datta 1991) .
It is has been suggested that the solubility of monoester P substrates determine the effectiveness of pNPPase in the soil rather than the innate activity pNPPase per se Black 1952, Findenegg and Nelemans 1993) . If so, pNPPase probably facilitates competitive assesses to the (usually) tiny fraction of unadsorbed and unbound monoester P reliant (in part) on the mineralisation of other elements for its release. However, others argue that while some elements (such as N and C-bonded S) are mineralised as a result of C oxidation, P o is mobilised through extracellular or periplasmic hydrolases controlled by the need for P i (McGill and Cole 1981) . It should not be assumed, therefore, that the production of external phosphatase (often measured as pNPPase), or access to inositol phosphate P in pure culture, is inevitably a clear indication that Po compounds are accessible to fungi in the soil. This access is may be strictly limited to the sparingly labile fraction of inositol P in a given soil and the activity and location of the enzymes produced by the fungi of interest compared to its competitors for P o .
Studies using ectomycorrhizal roots and their external mycelium, report contrasting conclusions concerning the use of inositol phosphate P by the mycobiont (Antibus et al. 1997 ; Colpaert et al. 1997) and there are similarly variable accounts for access to soil P o by arbuscular mycorrhizal fungi (Joner et al. 1995 ; Joner et al. 2000 ; Tarafdar and Marschner 1994) . Despite this apparent enigma, there is other indirect experimental evidence to suggest a fraction of the large pool of soil monoester P can be utilised by fungi. Tarafdar and Jungk (1987) have demonstrated a significant correlation (P < 0.01) between the depletion of P o and the sum of acid and alkaline pNPPases in the rhizosphere soil of wheat and clover plants. They found a ten-fold increase of fungal populations in rhizosphere soil compared with that of the bulk soil, whereas bacterial populations increased less than three-fold. One might infer from this that the fungal component of the soil biota deplete the greater part of the mineralised P o pool, although this remains equivocal. Aspergillus spp. are known to produce acid phosphatase evidently capable of degrading soil P o (Casida 1959) , and when present in the rhizosphere can contribute towards P supply and enhance plant growth (Tarafdar and Rao 1996) . Recent evidence suggests that the pNPPase of Aspergillus spp. may be more efficient at liberating phosphate that plant pNPPases of Sorghum bicolor (Tarafdar et al. 2001) . Circumstances might also exist within 'hot spots' of inositol phosphates, as found in dead seeds, which typically contain 50 -90% of total P as phytate (Lolas et al. 1976; Cosgrove 1980) , that allow fungal utilisation of free phytate P. During the process of seed decomposition by the soil microbiota, those fungi equipped with phosphomonoesterase might utilise inositol phosphates before their chemical immobilisation in the wider soil environment (see Tibbett and Sanders 2002) . Filamentous saprobic and mycorrhizal fungi might be particularly suited to exploit such a resource due to their well-distributed and explorative mycelial networks. There is evidence to suggest that fresh phytate, not in equilibrium with the soil, can be hydrolysed more readily by monoester P cleaving enzymes Black 1952, Findenegg and Nelemans 1993) .
The non-specific properties of pNPPases may also be important to their effectiveness in nature. Enzymes referred to as phosphomonoesterases may hydrolyse diester substrates, such as DNA, as well as a wide range of monoester P (Dotson, et al. 1996; Komano 1975; Yoshida and Tamiya 1971) . Fungi also secrete phosphodiesterase (EC 3.1.4) presumably aimed directly at acquiring this albeit scarce source of P. Miles 1996. Myers and . The product of diester P is the principal substrate of phosphomonoesterase. This may contribute to the overall P o pool to which the fungus has access. Although RNA and DNA adsorb to clay minerals they remain readily mineralisable, and probably only their breakdown residues persist (Anderson 1980) . Consequently, while the rate of addition of diester P to the soil is probably greater than inositol P, its residence time is short and therefore the quantities of diester P are small (Condron et al. 1985 ; Sanyal and De Datta 1991) . Recent evidence suggests that the hydrolysis products of phospholipids could act as substrates for pNPPase (Pant and Warman 2000) . This type of release of monoester P, as a by-product of the breakdown of other (often more complex) substrates, may prove significant in understanding the relevance of pNPPase in soils.
Are pNPPases stable in the soil?
It has long been recognised that proteins may be adsorbed to charged soil surfaces (Ensminger and Geiseking 1939) . This process may greatly affect the behaviour of enzymes, reducing their catalytic efficiency and altering their kinetics (Boyd and Mortland 1990 ; Mclaren and Packer 1970) . For β-naphthyl phosphatases (from wheat) added to soil a 75% reduction in hydrolysis and a shift of pH optimum has been demonstrated (Ramirez-Martinez and Mclaren 1966 ). This has also been shown to be the case with a commercial preparation of intracellular pNPPase (Vuorinen and Saharinen 1996) . However, extracellular pNPPase from H. cylindrosporum appeared to be little affected by interactions with clay minerals, maintaining high activity when adsorbed whereas intracellular pNPPase of the same organism lost activity (Leprince and Quiqampoix 1996) . This is supported by the apparent stability of the enzyme when stored in spent culture medium (see Tibbett et al. 2000 ) and suggests extracellular phosphatases of H. cylindrosporum are adapted to operate in the hostile biochemical environment in the soil. It is probable extracellular phosphatases of other fungi are also recalcitrant and remain active in the soil. There is an abundance of circumstantial evidence to support this hypothesis (see Kiss et al. 1975) . For example RamirezMartinez and McLaren (1966) compared the phosphatase activity of bacterial and fungal cultures with that of soil and calculated that 1 g of fungus, or 10 10 phosphatase producing bacterial cells, were required to equal the phosphatase activity of 1 g of soil. Since 1 g of soil contains only a fraction of such biomass the majority of soil phosphatase must be antecedent to the current microbial biomass and consequently persistent.
The durability of phosphatases is thought to occur through their chemical protection by the formation of humus-phosphatase complexes (Nannipieri et al. 1988) and adsorption to charged sites on clays and clay-organic matter complexes (Boyd and Mortland 1990) . It has been hypothesised that humic compounds in soil may protect immobilised enzymes, where pores large enough to permit the diffusion of substrates and products, but not proteolytic enzymes, would allow the retention of enzyme activity (Burns et al. 1972) . In extreme cases phosphatase has been found in 9000 year old peats that were subjected to permafrost conditions for most of this time (Skujins and McLaren 1967) . Pettit et al. (1977) attempted to degrade soil phosphatase by adding pronase to wet soil. They found that more than 80% of the activity was retained by the treated soil and concluded that soil phosphatase was remarkably stable. It is likely therefore that fungal phosphatases have a double role. They are used in the nutrition of the fungus and are also important in the soil P cycle, possibly involved in P o transformations long after the senescence of the fungal cells responsible for their production.
Concluding remarks
The pNPPase assay is a rapid and relatively cheap method of estimating the phosphatase activity of soil borne fungi. The fact that most soil fungi commonly produce some measurable activity has further popularised the assay (Jennings, 1995) . Consequently the assay is almost ubiquitous in the study of the P o nutrition of fungi, often at the expense of an examination of other sources of organic P (see Jennings 1995 ; Leake and Read 1997) . There is some evidence to suggest that there is a correlation between fungal pNPPase and utilisation of the largely recalcitrant soil monoester P fraction. This probably relates, at least in part, to the access of pNPPase to freshly released inositol P from more complex substrates and to the activity and location of the enzymes in relation to those substrates. Consideration should be given to the availability of substrates these enzymes can act on, and their residual activity in the hostile environment of the soil. A direct link between the excretion of pNPPase in culture and the ability of the fungus to exploit soil P o remains tentative.
The assay has several drawbacks. These include the loss of pNPPase after filtration, inaccuracies in measuring wall-associated enzyme and large variation employed in the methodologies of different studies. The ample pool of intracellular pNPPase can also be measured along with external pNPPase if cells are accidentally damaged. Despite these limitations, the assay can provide a valuable insight into the attributes of external phosphatase, and hence a potential ability to acquire P i from certain fractions of soil P o , perhaps those associated with high quality fresh resources where the monoester P is not yet immobilised. Conclusions from pNPPase based studies must be based upon an appreciation of its applicability to only specific forms of P o in the soil and the complex and very different biochemical environment in the soil compared to that of the Petri dish and test tube.
Recommended protocol. For the measurement of wallassociated and extracellular pNPPase the following summarised protocol is recommended, full details of which can be found in Tibbett et al. (1998 a) .
Add Modified universal buffer (MUB) (Skujins et al. 1962) to test tubes (4.5 ml for wall-associated assays and 4 ml for extracellular assays) and equilibrate in water bath to assay temperature. Separate mycelium from culture medium using pre-weighed filters, use the same filter type throughout. Wash fungal cells in buffer (dry and weigh remaining fungal cells not used in the assay). Add intact fungus and 1 ml of culture filtrate to test tubes. Allow a further 5 minutes in water baths to reequilibrate to assay temperature. Add 1 ml of substrate rapidly to each test tube across replicates and whirlimix. Immediately return to water bath and incubate, gently shaking, for one hour. Directly after incubation remove from water bath and add 1 M NaOH to each test tube across replicates (4.5 ml to wall-associated test tubes and 4 ml to extracellular test tubes, the total volume in each test tube is now 10 ml). This will stop the reaction and develop a yellow colour. Separate assayed cells onto pre-weighed filters (or foil dishes where filtration is not necessary) dry and weigh. A series of controls should be run in parallel that match the number of experimental replicates. The developed colour can be measured on a spectrophotometer between 400 nm and 420 nm against the a range of standards.
For pNP standards make up a stock solution consisting of 1 g l -1 pNP in a 50 : 50 MUB : NaOH (1 M) solution. From this dilute a series of 10, 8, 6, 4, 2, and 0 mg l -1 . A 10 ml aliquot (equal to the final assay volume) will contain 100, 80, 60, 40, 20 and 0 µg of pNP. The concentration of pNP in the unknown can be related directly to the amount of pNP in standards of the same volume. This is commonly converted to µ-moles and related to the dry weight of fungus from which the enzyme activity was measured. For extracellular assays an aliquot of the culture filtrate was assayed and total enzyme activity in each Petri dish must be calculated by a simple multiplication.
Maintain sterility of culture. Cultures should be kept sterile as near as possible to assay time. Both culture filtrates and mycelium should be assayed immediately sterility is lost; these can be carried out in parallel as described above.
Handle with care. Fungal cells grown in liquid culture are particularly sensitive to physical injury and should be handled carefully. Where the use of forceps are necessary, in transferring mycelia and washing operations, they should be used delicately. Some species are more susceptible to damage than others. Rinse fungi in an isotonic solution or buffer and avoid contact with pure water.
Filtration. The application of even a gentle suction can pull cell fragments through a filter paper. The quality of filter is critical. Paper filters are most susceptible to this, small pore size glass fibre or membrane filters are not. Filter type should always be reported and loss of pNPPase calculated, especially if comparative amounts of pNPPase are of interest.
Interference in colour measurement. Fungal cells can interfere with colour absorbance measurements if accidentally transferred into cuvettes. For unicellular and some filamentous fungi it is necessary to gently centrifuge the assay mixture, after the addition of NaOH solution, to leave an uncontaminated supernatant for colour measurement.
Volumes. If assays must be conducted where there has been little growth of the fungi or where low results have been previously recorded, a greater volume of culture filtrate can be used and the volumes of MUB and NaOH reduced accordingly, as long as the assay pH and the final pH remain stable.
Buffers. A range of buffers can be used however phosphate buffers should be avoided as they can interfere with the assay and promote microbial growth.
Storage. pNP standards should be diluted daily, stock solution can be stored in the dark at 4°for up to eight weeks. Substrate solution should be stored in the dark where it is stable for up to 6 weeks below 0°C. Ideally fresh substrate solution should be made up daily. MUB stock should be stored at 4°C and is suitable for use for up to 8 weeks in the absence of microbial growth. Adjusted buffer should usually be made up daily but can be stored at 4°C for one week in the absence of microbial growth.
